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ABSTRACT

Microalgae represent a potential source of biological material to produce biodiesel. This
study focused on the effects of nitrogen concentration to enhance lipid content from
Chlorella sorokiniana and their potential use to serve as a raw material for biofuel production.
Light intensity and different nitrogen concentrations were used to determine the optimum
cultivation environment for the fresh water microalgae, C. sorokiniana. The effects of various
nitrogen sources were examined in order to determine the optimum lipid content produced
by the microalgae. It was found that the optimum cultivation of microalgae growth has
caused the biomass growth and has led to higher lipid production. The growth rate and
lipid content were determined by measuring the optical density at 620 nm and fluorescence
intensity using Nile red method. Microalgae of 10% (v/v) concentration was found to be
the optimum inoculum concentration with higher growth rate obtained when compared to
50% (v/v). The NH4NO3 nitrogen concentration showed greater lipid production compared
to NaNO3 cells cultivated with final lipid content. The 0.2 M of NH4NO3 nitrogen concen-
tration produced highest lipid (3.138 a.u), when compared to two different nitrogen sources:
NH4NO3 and NaNO3 with different concentrations.
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1. Introduction

Natural resources are not only renewable resources
which have attracted the researchers and scientists to
work on other alternatives to meet the growing
demand of fuel. In the current list of fuel production,
biofuel has been added. The overall biodiesel produc-

tion in the world for the past 10 years was appraised
to be around 1.8 billion L [1]. Biodiesel can be
produced using vegetable oils, such as soybean, sun-
flower, and palm oils. According to Guan and his
researchers [2], biodiesel can be produced from micro-
algae and it is gaining importance mainly because the
algal lipid content can serve as a raw material for
biofuel production. Biofuel is also made from non-
toxic, biodegradable, and renewable resources. These
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provide environmental benefits, which in turn
decreases the harmful emissions of carbon monoxide
and hydrocarbons, thereby resulting in the decrease of
greenhouse effect [3]. The use of biofuels can also play
an important role in avoiding the excessive depen-
dence on fossil fuels and this will certainly help to
improve the environmental sustainability [4]. Microal-
gae are microscopic photosynthetic organisms which
can be found in both marine and fresh water environ-
ments [5]. Microalgae are eukaryotic cells that consist
of organelles, including nuclei and plastids. Proteins,
carbohydrates, and lipid (natural oil) are included in
the biomass. The percentage of chemical composition
varies with the type of algae [6]. There are many vari-
eties of microalgae and each species has a different
proportion of lipids (fats), starch, and proteins.
Depending on the proportion, the microalgae can be
used to produce oil for bio crude or if, the variant
contains more carbohydrates and less oil it can be fer-
mented to make ethanol or biogas. It is interesting to
note however that some microalgae strains or variants
contain up to 50% lipids making them very suitable
for production of liquid fuels [7]. Other oil crops, such
as sunflower and soybean oil are different compared
to microalgae which can grow rapidly.

The potential use of microalgae for biofuel produc-
tion is promising because of its higher growth rate
and capability to accumulate more amount of lipids
[8] when compared to conventional oil crops [9]. The
significant advantage of microalgae over plants is
mainly due to their metabolic flexibility which means
that variation in the biochemical composition of bio-
mass towards higher (lipid, carbohydrates, or protein
accumulation) can be regulated by varying the cultiva-
tion conditions [10] and therefore the yield of oil
obtained per hectare from microalgae can exceed the
yield from oil plants like rapeseed and palm. The use
of residual nutrient sources and nutrient recycling is
one of the key elements for obtaining sustainable pro-
duction of biodiesel from microalgae.

Lipids are made up of functionally-diverse group
of compounds [11]. For example, triacylglyceroles and
some other neutral lipids associated with energy and
carbon storage may be synthesized, preferentially,
when the nutrients are presented in limiting condi-
tions [12] and [13]. In contrast, many polar lipids are
associated with various types of membranes and are
likely to dominate the total lipid pool when light is
limiting and/or nutrients are sufficient to support
rapid growth [12].

Triacylglycerides (TAGs) generally serve as energy
storage in microalgae and can be extracted and
converted into biodiesel through transesterification

reactions [7] and [14]. Transesterification displaces
glycerol with small alcohols (e.g. methanol).

The hike in petroleum price and the need to
reduce greenhouse gas emission has driven us for
going towards the production of environmentally
friendly product, such as biodiesel [15]. Based on the
above-mentioned facts, the consideration of optimiza-
tion growth condition to enhance the lipid production
in Chlorella sorokiniana was conducted in this study. In
order to achieve the objective of this study, different
nitrogen sources, such as NaNO3 and NH4NO3 have
been used in the experiment to produce more lipid
from the microalgae.

2. Materials and methods

2.1. Algal cultures

C. sorokiniana was obtained from Algaetech Ltd.
Kuala Lumpur, Malaysia. The algae species were
maintained in modified Bristol’s medium (devoid of
organic matter). The stock of C. sorokiniana was cul-
tured in Proteose medium. Proteose medium contains
sufficient amount of carbon, vitamins, salts, and other
nutrients (nitrogen and phosphorous) which are vital
for microalgal growth [16]. This medium was pre-
pared according to the formulations available via the
Culture Collection of Algae at The University of Texas
at Austin. A volume of 10 ml C. sorokiniana was inocu-
lated into 100-ml fresh medium (0.1% v/v) and was
then cultured and expanded up to 5 L.

2.2. Growth condition

The growth rate of C. sorokiniana was compared
using Proteose medium and BBM containing NaNO3

as nitrogen source of different ratio (0.3, 0.9, 1.5, 3, 6,
and 11 M) and NH4NO3 (0.2, 0.7, 1.5, 3.0, and 6.0 M).
The cultures were maintained under fluorescent lamp
with light intensity of 22.25 μmol m−2 S−1 for 16 h
light: 8 h dark period which were setup via relay con-
troller for all experiments carried out in this study.
The pH of the medium was 7 and the temperature
was 27˚C which was room temperature with manual
swirling applied once a day.

2.3. Effect of nitrogen concentrations

Cultivation was also carried out in various
different nitrogen concentrations by using sources of
nitrogen, NaNO3 and NH4NO3. The concentration of
NaNO3 varies, such as, 0.3, 0.9, 1.5, 3.0, 6.0, and 11.0
and the concentration of NH4NO3 varies, such as, 0.2,
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0.7, 1.5, 3.0, and 6.0. Both nitrogen sources were
initially cultivated with 300 ml of 10% (v/v) of
microalgal inoculums and were added in 2,700 ml of
Proteose medium as preparation for 3,000 ml of
microalgal culture. The cultures were cultivated with
fluorescence light at room temperature and agitated
manually 3 times a day. The optical density (OD) was
taken at 620 nm [17] and lipid content was analyzed
by using the Nile red (NR) method every 3 days for
30 days.

2.4. Kinetic parameters

The calculation of oil productivity in microalgae is
estimated by the mass of oil produced per unit vol-
ume of the microalgal broth per day. It is based on
the microalgal growth rate and the oil content of the
biomass. High oil productivities of microalgae are
desired for producing biodiesel [7]. The specific
growth rate (μ) was determined by using the following
equation:

l ¼ 1

t
ln ðXm=X0Þ (1)

where Xm = concentration of biomass at the end of
batch run; X0 = concentration of biomass at the begin-
ning of batch run, t = duration of batch run (h/d).

2.5. Measurement of lipid content-NR method

A fluorescence dye NR was used to stain the lipid
found in the culture. The quantification of the cellular
neutral lipid was carried out with fluorescent spectro-
photometer (Hitachi F-4500) according to Griffiths
et al. [18]. First, the NR stock was prepared by dis-
solving 0.5 mg of NR in 1 ml of acetone. Second, the
phosphate buffer saline was prepared by dissolving
8 g of sodium chloride, 0.2 g of potassium chloride,
1.44 g of disodium hydrogen phosphate, and 0.24 g of
potassium hydrogen phosphate in 1,000 ml of distilled
water and autoclaved at 121˚C for 15 min. The pH of
the solution was adjusted to 7.4.

3. Results and discussion

3.1. Selection of suitable species

This study mainly looked for fresh water microalgae
which is found in the local fresh water ponds and also
be able to grow easily in laboratory conditions. Lipid
content was also one of the key factors of this study
considered for selecting the species. C. sorokiniana was

selected as a good species for this research work based
on the published literature [19].

3.2. Growth curve of C. sorokiniana

For examining optimum stock culture, 10% (v/v)
microalgal culture was used and it gave higher
growth of microalgae, which was observed in terms of
morphology—greener in color—and also from the
result shown in Fig. 1, moreover 10% (v/v) of sample
was found to be more suitable during the preliminary
study (data not shown) to be used as the starting cul-
ture for high lipid production.

3.3. The various concentration effect of NaNO3 on lipid
content

The production of fatty acids by photosynthetic
microalgae cultures has been studied by many previ-
ous researchers and it has been demonstrated that
yields are sensitive to a number of environmental fac-
tors, including temperature, nitrogen concentrate, and
light intensity [20–23]. This research was conducted to
confer the importance of two different types of
nitrogen composition for the growth of microalgae,
C. sorokiniana using NR method. This is an important
parameter as nitrogen limiting conditions proved to
significantly increase the lipid content in many micro-
algae, especially Chlorella [24]. A total of six nitrogen
concentrations using NaNO3 as the source of N and
the readings taken for OD at 620 nm and fluorescent
spectrophotometer reading taken at 580 nm were
employed: 0.3, 0.9, 1.5, 3, 6, and 11 M.

Fig. 2 and Table 1 illustrate that 0.3 M of nitrogen
concentration was found with best growth on the 7th
day in producing high biomass. From Fig. 2, it was

Fig. 1. Growth rate of microalgae.
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observed that 3.0 M of nitrogen concentration pro-
duced higher biomass compared to other nitrogen
concentrations (0.3, 0.9, 1.5, 3, 6, and 11 M). The mic-
roalgae grew best when there was limited concentra-
tion of nitrogen which triggers high amount of
carbohydrate and lipid per cell since protein biosyn-
thesis was limited [25]. The culture in 0.3 M nitrogen
concentration produced highest peak (2.432 a.u) on
the first day compared to other nitrogen concentra-
tions. Under nutrient limitation, the microalgae used
most of their energy to make lipids as storage prod-
ucts for survival [6]. Hence, the lipid production was
shown to increase at this period. The traditional gravi-
metric method to detect lipid in microalgae takes
about 3–4 days and needs at least 10–15 mg wet
weight of cells [26]. However, with fluorescent mea-
surement by NR, the process of lipid measurement
was more simple, rapid, and sensitive [27,28]. Lipid
measurement was previously proposed using NR, a
lipid-soluble fluorescent probe that possesses specific
interaction with hydrophobic molecules [29]. The
method has been used to estimate the lipid
concentration in microalgae [30].

The specific growth rate of the culture was studied
using different concentrations of NaNO3 (0.3, 0.9, 1.5,
3, 6, and 11 M) and highest lipid produced (2.432 a.u)
for 0.3 M nitrogen concentration as shown in Table 1.

3.4. The various concentration effects of NH4NO3 on lipid
content

This research was conducted to confer the impor-
tance of nitrogen composition to the growth of micro-
algae, C. sorokiniana. This was an important parameter
as nitrogen limiting conditions were proven to signifi-
cantly increase the lipid content in many microalgae,
especially Chlorella [24]. A total of five nitrogen con-
centrations using NH4NO3 as the source of N were
tested: 0.2, 0.7, 1.5, 3.0, and 6.0 M. The lipid content
was analyzed using NR method.

Table 2 shows that 0.7 M of nitrogen concentration
has lowest growth rate with 0.002 μ. Although the
growth was slow, the lipid content produced for
0.7 M was (3.077 a.u) in comparison with the highest
lipid content produced (3.138 a.u) for 0.2 M NH4NO3.
The slow growth could have been due to the cells
adapting themselves to nutrient deficient environment.
This condition could have been caused by the nitrogen
starvation theory. As there is excess nitrogen concen-
tration, the lipid production was being inhibited.
Hence, they can grow as usual by using the nutrients
in medium. According to Sheehan et al. [31], an
increase in biomass concentration does not always
increase the lipid content in microalgae. As the nitro-
gen limited stress condition leads to the inhibition of
cell division, the oil production decreases slowly. The
growth rate of microalgae in Fig. 3 shows that 6.0 M
of nitrogen concentration was the highest. Huang
et al. [2], proposed the fact that nitrogen sufficient
medium enhances microalgal growth. As C. sorokiniana
is a fast-growing and productive strain, these cells
enhance high biomass concentration. The lipid content
of animal cells and micro-organisms, such as
mammalian cells is frequently evaluated by NR, a

Fig. 2. The cell density and lipid content of C. sorokiniana
at various time intervals for 0.3 M NaNO3 taken.

Table 1
The specific growth rate for various nitrogen concentra-
tions in NaNO3

Nitrogen
concentration (M)

Specific growth
rate, μ

Highest lipid
produced (a.u)

0.3 0.022 2.432
0.9 0.011 2.238
1.5 0.006 2.132
3.0 0.175 2.211
6.0 0.128 2.108
11.0 0.003 2.111

Table 2
The specific growth rate and highest lipid amount for
various nitrogen concentrations in NH4NO3

NH4NO3

concentration (M/l)
Specific
growth rate, μ

Highest lipid
produced (a.u)

0.2 0.011 3.138
0.7 0.002 3.077
1.5 0.020 3.000
3.0 0.034 2.771
6.0 0.088 2.430
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lipid soluble fluorescent dye [32], which include other
cells, such as bacteria [33], yeasts [30,34], zooplankton
[35], and microalgae [36–38]. NR assay was usually
carried out in individual cuvettes, using a UV spectro-
photometer [39]. Hence, it can be concluded from the
findings that the higher biomass do not contribute to
high lipid concentration on a particular cell.

From Table 2 and Fig. 4, it is observed that 0.2 M
of NH4NO3 concentration produced higher lipid con-
tent compared to different nitrogen concentrations
which includes NaNO3. The culture in 0.2 M nitrogen
concentration produced highest peak (lipid content) at
first and 12th day as compared to other nitrogen
concentrations. The algae grew best when there was
limited concentration of nitrogen which triggers high
amount of carbohydrate and lipid per cell since
protein biosynthesis was limited [25]. Under nutrient

limitation, the algae will use most of their energy to
make lipids as storage products for survival [6].
Hence, the lipid production was shown to increase at
this period.

4. Conclusions

In the production of lipid by microalgae,
C. sorokiniana was studied in this research. Regardless
of the illumination scheme, the highest lipid content
in microalgae cells was observed at 0.2 M of NH4NO3

concentration as compared to other cells cultivated in
different nitrogen concentrations. As expected, these
experiments indicated that N-deficient cultures will
develop higher percentage lipid content than the
N-sufficient cultures. These results proved that the
growth of microalgal cells was influenced by variation
of nitrogen sources and concentrations which were
NaNO3 and NH4NO3. The research was conducted at
constant temperature and photoperiod. From the
study, it was proven that nitrogen varieties could play
a crucial role in lipid accumulation in microalgal cells.
For future research, it may be considered as appropri-
ate microalgae species for wastewater treatment such
as palm oil mill effluent and also the output of this
study maybe use as a by-product for lipid production
purpose because microalgae can easily grow in palm
oil mill effluent and is abundantly present throughout
the year in Malaysia.
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